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Abstract: In biodiversity assessments, especially of small-bodied organisms for which taxonomic expertise is lacking, identification by
genetic barcoding may be a cost-effective and efficient alternative to traditional identification of species by morphology, ecology, and
behavior. The authors tested the feasibility and accuracy of such an approach using dung insects of practical relevance in ecotoxicological
assessments of veterinary pharmaceutical residues in the environment. They produced 8 known mixtures that varied in absolute and
relative composition of small-bodied and large-bodied species to see whether mitochondrial cytochrome c oxidase subunit 1 barcoding
picks up all species qualitatively and quantitatively. As demonstrated before in other contexts, such metabarcoding of large numbers
of dung insect specimens is principally possible using next-generation sequencing. The authors recovered most species in a sample
(low type I error), at minimum permitting analysis of species richness. They obtained even quantitative responses reflecting the body size
of the species, although the number of specimens was not well detected. The latter is problematic when calculating diversity indices.
Nevertheless, the method yielded too many closely related false positives (type II error), thus generally overestimating species diversity
and richness. These errors can be reduced by refining methods and data filtering, although this requires bioinformatics expertise
often unavailable where such research is carried out. Identification by barcoding foremost hinges on a good reference database,
which does not yet exist for dung organisms but would be worth developing for practical applications. Environ Toxicol Chem
2016;35:1970–1977. # 2015 SETAC
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INTRODUCTION

Biodiversity assessments are central to evolutionary biology,
biogeography, and (community) ecology [1–4] but are also
widely used in applied fields such as conservation biology and
toxicology [5,6]. The central argument is that greater
biodiversity is perceived by humans as indicating more pristine
and natural, often more stable, and essentially better hab-
itats [7,8]. Any disturbance in terms of natural habitat
destruction (e.g., through climate change or flooding) or
human-mediated pollution typically reduces biodiversity
because some species might become locally or even globally
extinct. Various biodiversity estimators exist and are exten-
sively used, the most prominent being species richness
(i.e., simply counting the total number of species present in a
sample) and the Shannon-Weaver and Gini-Simpson diversity
indices with their associated Hill numbers, which in addition
take into account the relative abundances of all species present
(reviewed by Gotelli and Chao [9]).

Although common and applied widely, the identification of
all or even only a part of the organisms present at a particular
site or in a sample is time-consuming and therefore costly.
Such work requires expert knowledge because of the huge
number of species existing on earth, know-how that unfortu-
nately is increasingly being lost in the community of biologists.
Identification efforts can be substantial and crucial in commercial

practical applications. An opportunity for reducing the cost of
biodiversity assessments has recently appeared in the form of
genetic barcoding [10–12]. Ideally, every species can be
identified by a unique genetic barcode, for which production
costs have dropped dramatically in recent years andwill continue
to do so [13]. In practice, some species share barcodes, although
at times cryptic subspecies may have different barcodes, so
barcoding may not be successful in an estimated but debated 5%
to 20% of species for various reasons [14]. Regardless, these
developments have given rise to the idea of identifying many
species at once from bulk samples, especially in ecological
diversity contexts, so-calledmetabarcoding [15–18]. Provided an
appropriate referencedata bank such asGenBankorBOLDexists
or can be generated ad hoc, identification by genetic barcoding
may eventually become feasible and potentially less expensive
than traditional identification of species based on morphology,
ecology, and/or behavior, at least for many small-bodied taxa for
which few classic identification guides are available [19]. In the
present study we tested the feasibility and accuracy of such
identification by metabarcoding with an example of concrete
practical relevance to the field of toxicology, focusing on
the commonly used mitochondrial cytochrome c oxidase subunit
1 gene.

Dung fauna as a practical and cost-sensitive test case

Ecotoxicology is a prominent field in which biodiversity
assessments are applied. A particular example of an ecotoxico-
logical subfield with current relevance to regulators concerns
nontarget effects of veterinary pharmaceutical product residues
on dung-dwelling organisms [20,21]. Vertebrate dung repre-
sents a compact ecosystem or community by itself. A multitude
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of often specialized dung organisms break down the dung;
these include primarily insects (beetles, flies, and springtails),
earthworms, nematodes, fungi, and bacteria, most being
decomposers, but the community also includes predators and
parasitoids [22,23]. This important ecosystem service may be
threatened by livestock medications, which can have nontarget
lethal and nonlethal effects on various dung organisms. As a
consequence, there are worldwide regulations mandating
toxicological tests of new veterinary medical products on
dung organisms [24,25].

Toxicological 50% lethal dosage (sometimes called 50%
effective concentration) tests are typically conducted on single
species in the laboratory. As representatives of the dung
community, 2 flies (Scathophaga stercoraria and Musca
autumnalis) and 2 beetles (Onthophagus taurus and Aphodius
constans), 1 tropical and 1 temperate, are suggested test
organisms, in addition to earthworms and possibly springtails
[26–28]. It is doubtful that any single species is sufficiently
representative in terms of encompassing the degree of
sensitivities expected in nature [6,29]. Instead, higher-tier tests
assessing the whole dung community in the field, which would
be more comprehensive and realistic, are currently being
evaluated. Such replicated tests generate (tens of) thousands of
specimens of hundreds of dung organism species that need to be
identified to assess their biodiversity.

In recent years, an international consortium of practitioners
and regulators has been involved in investigating the validity
of higher-tier ecotoxicological field tests. Such assessments of
the entire dung biodiversity were in principle found to be
repeatable and hence feasible in practice and are reported in
this special section [22,23,30–32]. The present study involved
processing thousands of adult insect specimens that emerged
from experimental dung pats, which were identified to various
taxonomic levels (species, genera, family). To date, unfortu-
nately, only a small proportion of dung organisms are found in
genetic data banks; and although highly desirable, a complete
data bank for dung organisms will not be realized any time
soon. Therefore, identification of dung organisms by barcoding
may not yet be practical [15,33]. Nevertheless, we asked
whether in principle such an approach would be scientifically
(and economically) feasible in this context, by subjecting
mixtures of known and already barcoded dung insects to
bulk metabarcoding via modern next-generation sequencing
techniques. Because dung organisms feature various
body sizes and concomitant DNA amounts, we particularly
wondered whether we could obtain not only a qualitative list of
the various species present in a given sample but also a
quantitative estimate reflecting their numbers and sizes, as
would be required to compute more complex measures such as
the Shannon-Weaver and Gini-Simpson diversity indices [9].
In so doing, we essentially followed an approach already taken
in other contexts with other organisms, including nematodes
[17,18], river benthos [34], freshwater diatoms [35], terrestrial
insects [36], and chironomids [37]. Our main purpose was not
to further develop such methods—we leave this to the experts
[19,38–43]. Instead, we assessed this approach in the very
specific practical context of our broader study reported in this
special section. We are aware that barcode diversity can in
principle be assessed without necessary reference to identified
species by instead scoring so-called operational taxonomic
units (OTUs) [33], but this was not our focus because we are
ultimately interested in the functional consequences of specific
dung organisms [31].

MATERIALS AND METHODS

To address the feasibility of identification by metabarcoding,
we produced 8 known mixtures of dung beetles and flies to
determinewhether the technique picks up all species qualitatively
and quantitatively (including Drosophila melanogaster as a
well-represented, positive control). We used only freshly killed,
ethanol-preserved adult specimens, as opposed to larvae or
pupae, to mimic the identification of insects emerging
from medication-treated experimental dung pats colonized in
nature in so-called higher-tier tests [22,23]. The mixtures
were varied in absolute and relative composition of approxi-
mately 8 species (Table 1). We assessed small-bodied and large-
bodied species separately, as well as mixes of body sizes. We
used species common in Switzerland, many of which were taken
from our own laboratory cultures (in general iso-female lines).
All recognized species (Table 1) were known to have been
barcoded before and therefore should be listed in existing data
banks.Wedeliberately included a few specimens not identified to
the species level, as occurred frequently in our field tests [22,23],
to determine whether and how these would be picked up
(cf. Hajibabaei et al. [34]).

For practical reasons, we focused on the cytochrome
c oxidase subunit 1 gene, arguably the most commonly
available barcode in data banks at this time. The insect
cytochrome c oxidase subunit 1 gene is approximately 1530
nucleotides long [44–46], has been used extensively to resolve
phylogenetic relationships at many taxonomic levels, and is
informative across a broad range of insect taxa (Supplemental
Data, Figure S1). As a consequence, its use as a standard for
insect phylogenetics has been strongly advocated [47]. Because
of the availability of several so-called universal primers [48,49],
various regions of the cytochrome c oxidase subunit 1 gene have
been widely used as genetic markers for insect phylogenies.
With the advent of the DNA barcoding era, approximately
650 nucleotides of the cytochrome c oxidase subunit 1 proximal
portion (the 50 end) were chosen as the standard DNA barcoding
fragment used for species identification [50,51]. However, the
terminal region (i.e., the 30 end) also has been (and still is)
widely used as a genetic marker for insect phylogenies. In dung
flies (family Scathophagidae), for example, most studies
involving the cytochrome c oxidase subunit 1 were based on
810 nucleotides of the 30 end [52–54], with, only 1 study
including sequences from the cytochrome c oxidase subunit 1
proximal region [55]. Therefore, to recover most information
available in data banks such as GenBank and BOLD, we
decided to sequence the first 250 nucleotides of the cytochrome
c oxidase subunit 1 proximal portion (the 50 end) plus
approximately 250 nucleotides of the terminal region (the
30 end; Supplemental Data, Figure S1). The 2 sequenced
fragments are not overlapping.

DNA extraction methods

The DNA extraction was performed on insect pools of
various compositions in 2-mL Eppendorf tubes. Ethanol used
for conservation and storage of the samples was removed, and
the remaining liquid was evaporated at 56 8C for 30min. One
milliliter of lysis buffer containing 1mg/mL proteinase K was
added to each pool sample. Digestion was performed overnight
at 56 8C with end-over-end mixing. After digestions, 150mL of
water, 600mL of buffer AL, and 600mL of 100% ethanol were
added to each sample. After end-over-end mixing for 5min,
700mL of the digestion mixture was loaded on a spin column,
followed by 2 washing steps with buffers AW1 and AW2
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Table 1. Composition of the 8 samples of dung insects with essential summary statisticsa

Taxon
Dry body
mass (mg)

Sample
0

Sample
1

Sample
2

Sample
3

Sample
4

Sample
5

Sample
6

Sample
7 Mean SD CV

Beetles (Coleoptera)
Aphodius inmaturus 13.11 2 (3.10);

<98%
Hydrophilidae (Cercyon
marinus/melanocephalus)

1.99 1 (2.30);
<98%

Onthophagus taurus 12.43 1 (0); ND 1 (0); ND 1 (3.06);
100%

Philonthus marginatus 10.72 1 (5.45);
100%

Scarabaeidae long 13.10 1 (0); ND
Scarabaeidae small 3.13 2 (0); ND
Sphaeridium scarabaeoides 20.18 1 (2.53);

99%
Staphylinidae (Aleochara sp.?) 0.55 1 (0); ND

Flies (Diptera)
Anthomyiidae 0.47 2 (2.95);

<98%
Drosophila melanogaster 0.21 1 (3.20);

100%
5 (2.61);
100%

16 (3.18);
100%

5 (2.70);
100%

4 (3.85);
100%

3 (2.99);
100%

Mesembrina meridiana 33.94 1 (5.67);
100%

Musca domestica 4.21 2 (5.05);
100%

1 (5.44);
100%

4 (5.79);
100%

Neomyia cornicina 4.82 1 (3.92);
99%

Polietes lardarius 12.39 1 (4.70);
100%

Scatophaga stercoraria 3.46 2 (5.04);
100%

1 (5.45);
100%

4 (5.89);
100%

Scatophaga lutaria 1.78 1 (1.78);
99%

Sciaridae 0.19 2 (4.39);
<98%

Sepsis cynipsea 0.67 1 (5.75);
100%

2 (5.15);
100%

Sepsis fulgens 0.28 1 (3.79);
99%

5 (2.88);
98%

32 (3.32);
98%

10 (4.17);
99%

2 (2.80);
99%

Sepsis neocynipsea 0.69 1 (5.25);
99%

5 (3.48);
99%

16 (3.79);
99%

1 (0); ND

Sepsis punctum 0.72 1 (2.67);
99%

5 (4.76);
99%

8 (4.68);
100%

1 (4.19);
99%

Sepsis thoracica 0.81 1 (5.14);
99%

5 (4.24);
100%

4 (4.65);
99%

6 (4.54);
99%

3 (4.43);
99%

3 (3.67);
99%

Sepsis violacea 0.61 1 (4.51);
99%

5 (3.17);
100%

2 (2.65);
99%

1 (4.25);
100%

Sphaeroceridae
(Spelobia tenebrarum)

0.10 3 (3.22);
<98%

Themira lucida 0.65 1 (4.06);
100%

5 (3.18);
100%

1 (2.37);
99%

4 (3.31);
100%

Wasps (Hymenoptera)

Braconidae (Kleidotoma sp.?) 0.06 3 (2.56);
<98%

Species richness present 8 7 7 8 8þ 8 9 4 7.29 1.60 0.22
Species barcoded (extraneous/

parasite)
16 (0/1) 15 (0/1) 15 (1/1) 15 (0/1) 16 (1/2) 12 (2/1) 11 (2/0) 7 (2/1) 13.38 3.16 0.24

Species not detected 0 0 0 1 1 (3) 2 2 0
Species diversity Hill

1D¼ exp(Shannon’s H)
8 7 4.68 5.91 7.29 7.49 9 3.54 6.61 1.80 0.27

Barcode diversity (raw read
numbers)

4.79 5.05 4.14 6.3 6.38 4.05 4.02 2.05 4.60 1.40 0.30

Barcode diversity (log10 read
numbers)

15.51 14.44 14.34 14.66 15.43 11.51 10.04 6.58 12.81 3.18 0.25

aGiven is the number of specimens of each species group, with the corresponding log10 (number of detected sequences) in parentheses followed by the
percentage of sequence matching.
CV¼ coefficient of variation; SD¼ standard deviation; ND¼ taxa not detected.
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according to the manufacturer’s instructions. The DNA was
eluted with 50mL buffer AE and used nondiluted for the
following polymerase chain reaction (PCR) amplification steps.

Amplification by PCR was performed in 3 individual steps
to amplify the respective cytochrome c oxidase subunit 1
fragments, followed by addition of sequence tails for Illumina
sequencing. All PCR steps were performed individually on each
of the 8 DNA extracts from the different species pools, using all
primers. The first round of PCR was performed in a 10-mL
reaction volume containing 2mL of genomic DNA, 5mL
HotStarTaq Master Mix (Qiagen; catalog no. 203445), double-
distilled water, and 0.3mMof forward and reverse primers each.
The following cycling protocol was used on a TC-412
Programmable Thermal Controller: 5 cycles with 94 8C for
30 s, 45 8C for 90 s, and 72 8C for 90 s, followed by 35 cycles
with 94 8C for 30 s, 56 8C for 90 s, and 72 8C for 60 s. Before the
first cycle, a prolonged denaturation step (95 8C for 15min) was
included, and the last cycle was followed by a 5-min extension
at 72 8C. The first round of PCR was used undiluted for the
second round of PCR, adding Illumina sequencing tails specific
to the PCR amplificate, followed by a third round of PCR
amplification, adding species pool-specific MID tags. The setup
of the PCR systems followed recommendations by Illumina for
amplicon sequencing. Primer sequences for all PCR steps and
the PCR programs are given in Supplemental Data, Table S1.

Sequencing data analysis

After the third round of amplification, the resulting PCRs
were pooled and sequenced on a MiSeq sequencer using the
2� 250–bp v2 chip with the bidirectional sequencing format,
resulting in a total of 17 737 149 reads ranging from 416 298 to
2 062 861 bidirectional reads per sample after demultiplexing.
Subsequently the data were assembled with the MIRA4
assembler using the est/denovo/accurate switches. The resulting
sample-specific contigs were matched against GenBank using
stand-alone BLAST from the National Center for Biotechnol-
goy Information (nonredundant nucleotide collection, set at
BlastN and word size 7). Rather than using specialized available
bioinformatic tools such as OBItools, MEGAN, or EcoPCR to
filter out the most likely candidate variants, we kept this
procedure simple by utilizing merely Excel spreadsheets and
standard statistical programs (SPSS) so as tomake it palatable to
the practitioner. We accepted only matches with at least 98%
identity, no gaps in the sequence, and BLAST hit lengths
>170 bp for the known species, largely following Porazinska
et al. [17,18]. In the end, we obtained roughly 200 to 500 hits per
sample, most of the different sequence matches likely being
sequencing errors and only few reflecting real sequence
differences. This included occasional identical hits for 2
different species (e.g., Sepsis cynipsea and Sepsis neocynipsea)
but typically not. For all used sepsid specimens (Diptera:
Sepsidae) the latter are very unlikely because we used multiple
individuals of the same iso-female lines, which essentially
should be genetically identical. For final analysis, we summed
all sequences for a given species match from the data bank
within a sample, equivalent to OTU picking [18,33], deliber-
ately not using their number as a discrimination criterion so as
not to miss small and/or rare species.

RESULTS AND DISCUSSION

Qualitative results

All specimens in our samples identified to the species level
were detected in at least 1 of the samples, even when they were

small and only 1 specimen was present (Table 1). The sequence
identities of the majority of these known species were matched
100% with the corresponding data bank sequences (Table 1), as
in the case of our control D. melanogaster (which is not a dung
organism). However, some of the sepsids known to be in the
data banks were only matched to an accuracy of 99% or even
98% (Sepsis fulgens), depending on whether the match was
obtained reading forward versus backward—that is, depending
on the sequenced part of the gene and/or the primer pair that
detected the match (Table 1; Supplemental Data, Table S1).
Obviously, had we only accepted 100% matches, some of the
species contained in the sample would have remained
undetected, increasing the type I error.

A few specimens known only to the family level remained
undetected in mixtures 3 through 6 (Table 1). This includes a
small staphylinid parasitoid, presumably of the Aleochara
group, and 2 larger scarabaeid dung beetles, all of which
probably are not in the data banks. In addition, 2 species
(O. taurus and S. neocynipsea) correctly detected in some
mixtures remained undetected in others (type I error). Sepsis
neocynipsea is known to share its cytochrome c oxidase
subunit 1 barcode with its closely related sister species
S. cynipsea; however, nondetection of O. taurus in 2 of 3
samples must be a true reading or matching error. Our
unknown specimens belonging to the common fly families
Sciaridae and Anthomiidae were detected at only the family
level, whereas our sphaerocerid specimen was matched as
Spelobia tenebrarum, though all at <98% identity and
hence with considerable insecurity as to their species identity
(Table 1; Supplemental Data, Table S2).

In general, given our rather strict inclusion criteria
(see Materials and Methods), approximately twice as many
species were detected as were in the sample (high type II error or
false positives; Table 1; Supplemental Data, Table S2).
Understandably, a large majority of those erroneously matched
species were closely related congeners with similar or perhaps
even identical barcodes. Notably, their abundances in terms of
number of reads on average did not differ from those of
the species present in the sample, based on t tests (p> 0.1 for all
sample comparisons). Wolbachia bacteria were detected in
several samples. Because Wolbachia are common endosym-
bionts of insects and because they have genes homologous to
cytochrome c oxidase subunit 1 [43,56], their occurrence in the
samples was not unexpected. Only few false positives were
completely extraneous (Supplemental Data, Table S2), includ-
ing Homo sapiens (human) and Bos taurus (cattle). The latter
could reveal real contamination of the sample by human skin or
cattle dung.

Using 3 primer pairs reading backward and forward—that is,
from both ends of the cytochrome c oxidase subunit 1 gene
(Supplemental Data, Figure S1)—definitely increased the
likelihood of detecting the correct species in the data banks,
thus minimizing type I error. More than 50% of the specimens
were matched congruently by both forward and backward
sequencing, whereas approximately 30% of the specimens were
only detected by forward and the remaining 20% only by
backward sequencing. Using several primer pairs and forward
and backward sequencing thus adds precision of identification
but also cost and probably more false positives (see below).
Note that instead of the 650-bp standard [52,53] we sequenced
2� 250 bp only, in practice not more than 212 (initial base-pair
range of hits 27–212 [mean 194, standard deviation 28]; after
implementing our 170-bp threshold [see Materials and
Methods] mean 206, standard deviation 5.6).
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Overall, these results indicate high sensitivity of ourmethods
in detecting species in the sample (low type I error, or few
undetected positives) but at the same time high type II error
(or many detected negatives). Every statistician knows that one
cannot minimize both type I and type II errors for a given
sample. We minimized the former, as is standard. Similar
studies on other taxa in other contexts employed various
bioinformatic tools, some of them specialized for metabarcod-
ing [18,57], to filter PCR, reading, or assignment errors and
minimize false positives [40–43], which are generally frequent
in such studies [15]. Others, often systematists, focus on a
strategy of barcoding every single specimen inexpensively, for
example, by skipping various expensive technical steps and
avoiding PCR [16,19,36,39,43]. We deliberately used simple
filtering criteria that do not require genomic expertise or
specialized software. Nevertheless, we still obtained many false
positives, mostly closely related species with similar barcodes,
resulting in the species richness detected being approximately
twice that present (Table 1). The latter definitely inflates the
biodiversity of any sample identified by barcoding. However,
the species richness present and that barcoded do correlate
positively (Table 1; r¼ 0.63) and have similar coefficients of
variation, so the type II error was roughly similar in all samples.
Because biodiversity assessments in the present study and other
contexts typically compare various samples across populations
or treatments (in the present special section livestock medica-
tion levels [22,,23,30–32,58]), detection of differences between
them might therefore not be strongly affected by inflated
barcoding richness (assuming no systematic biases). On the
other hand, the barcoding diversity index was actually lower
than the actual species diversity of the samples when based on
the relative abundances of raw reads for all hits, but higher when
based on the decadic logarithm of these relative abundances
(Table 1). This occurred because the Shannon-Weaver diversity
index H and the resulting Hill number 1D¼ exp(H),
(¼ evenness [9]), in addition to the number of species (richness),
are particularly sensitive to skew in species abundances, which
was much greater for the number of barcode reads per detected
species than for the actual specimen numbers. (Note that this
relative importance of skew in the number of reads was vastly
reduced when taking their logarithm, resulting in higher
diversity indices in Table 1). Nevertheless, the 2 diversity
indices still correlate positively (r¼ 0.42) across samples and

have similar coefficients of variation (Table 1), so detection of
differences among samples might still be feasible and
meaningful; but this remains to be specifically tested or
simulated. What remains is that the methods and criteria for
detecting species and/or OTUs in a sample crucially quantita-
tively affect the results obtained and should therefore be chosen
with care [15,33].

Quantitative results

As could be expected, specimens of larger-bodied species
with more mitochondrial DNA material to be amplified
generated more reads (e.g., Amend et al. [38]). Figure 1 shows
a positive correlation, for all samples combined, between the
total dry body mass of the various species contained in a given
sample (means ranging 0.06–34mg; see Table 1) and the
number of corresponding reads generated by PCR and detected
by the BLAST search. This positive correlation, often high, was
even detectable within most of the individual samples
(see correlation coefficients in insert of Figure 1). Even the
smallest species used, the parasitoid wasp Kleidotoma
(Hymenoptera: Cynipoidea; dry body mass¼ 0.06mg), was
detected, again proving the high sensitivity in principle of
genetic barcoding, requiring little genetic material to start with.

On the other hand, we obtained no good correlation between
the number of reads and the number of specimens per species
across samples (Figure 1). The expected positive relationship
was only obtained for the larger flies (Musca domestica and
S. stercoraria; both �5mg drywt) but not for the smaller-
bodied sepsid flies (<1mg), even though the number of sepsid
specimens in a sample varied between 1 and maximally 32
(Table 1). This implies that read numbers within samples reflect
well the relative proportions and sizes of particular barcoded
species, whereas read numbers for the same species across
samples are not comparable, presumably because the technical
properties of sequencing runs tend to be too variable and
idiosyncratic [18,38]. This generally calls into question the
calculation of diversity indices, requiring information about
species identity and specimen numbers, when using identifica-
tion by barcoding. However, our summary statistics in Table 1
indicate that although the absolute numbers of richness and
diversity differ considerably, their variation among samples is
largely proportional, thus potentially still permitting their use
when comparing samples.

Figure 1. Relationship between the (decadic logarithm of the) number of reads and (A) the combined specimen size and number within samples (correlations
given in the insert) and overall, and (B) the number of specimens per species detected across samples.
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Is identification by barcoding useful in dung community studies?

We used largely freshly killed specimens, which usually
amplify well, although our field samples older than 1 yr did not.
We therefore stress that the age, and hence the storage quality, of
the specimens remains an important determinant, potentially
limiting sequencing quality and success. Immediate storage of
emerged dung insects in pure ethanol in a freezer and swift
processing after capture for DNA barcoding are recommended
to generate reliable results. Various technical problems with the
methods of specimen storage and processing, DNA sequencing,
and data bank searching remain, which likely can and will be
overcome with time [15,47–51,56]. Crucially, the method of
identification by barcoding hinges on a good reference database
[19] that does not yet exist for dung organisms and will take
considerable time to be assembled. If it is to be applied widely,
metabarcoding would benefit from the creation of specific data
banks for particular organism groups or habitats, such as
the dung organisms tested in the present study, because more
pointed and efficient species matching will then be possible
[59]. For calibration of quantitative responses, information on
body size and corresponding amplification capacity of species
should be included in these data banks, along with other useful
and relevant morphological and ecological information.
Specialized data banks, of course, can and will be cross-
referenced with and/or derived partly from existing data banks
containing data for all kinds of species.

In the end, especially for practical applications as treated in
the present study, costs and main objectives will determine the
method of choice. Comparing individual Sanger barcoding, the
gold standard for assigning species by barcoding, metabarcod-
ing, and traditional morphological species assignment, Stein
et al. [59] concluded recently that the promise that molecular
taxonomic species identification will become less expensive
than traditional morphological identification is “not yet
realized.” This agrees with our present study. Morphological
identification is largely determined by the availability of
taxonomic experts and the funds to hire them. In contrast, the
cost of identification by barcoding depends primarily on
technological advances but is predicted to become ever less
expensive and more efficient with time. However, use of
specialized bioinformatics tools will add to these costs because
extra expertise and software are required. Furthermore,
salaries ultimately also determine the price of barcoding
efforts because sample collection, sorting, and classification
of insects with complex body structures cannot be automatized
effectively [19,59]. The future will tell whether in the end
metabarcoding [40–43] or efficient individual Sanger-like
species identification [19] will be better and less expensive.

CONCLUSIONS

To summarize, metabarcoding of large numbers of speci-
mens derived from biodiversity experiments seems principally
feasible using next-generation sequencing, the cost of which is
expected to drop further with technological advances. This was
already multiply tried and shown with other taxa in other
contexts [17,18,34–38]. We wanted to establish and embed this
approach within a very concrete and practical ecotoxicological
application in the context of the other studies reported in the
present special section. We even obtained reasonable quantita-
tive responses reflecting the combination of specimen numbers
and body sizes of species in a sample, and hence their total DNA
content, although across samples the number of specimens was
not well quantified. The latter is problematic when calculating

the Shannon-Weaver and Gini-Simpson diversity indices [9],
although the analysis of species richness (presence/absence)
will remain possible as long as most, if not all, species in a
sample are detected. Irrespective of whether identification by
barcoding ultimately overestimates biodiversity or not, mean-
ingful comparisons between sites or treatment groups never-
theless appear possible as long as any overestimation is
proportionately similar in all. Other barcoding genes common
in data banks—16S, 18S, and the like—could be added
to increase detection of more species, especially because
cytochrome c oxidase subunit 1 may not be the best gene for
metabarcoding [40–42], which, however, would again augment
effort and cost.

We conclude that barcoding is helpful in higher-tier field
tests of the dung fauna as documented in the present special
section but, at this time, might still augment rather than reduce
costs. This is because classical taxonomic expertise will remain
essential for any functional or mechanistic analysis of the dung
community until a complete inventory of dung organisms has
been archived and possibly beyond. And this will take a very
long time.

Supplemental Data—The Supplemental Data are available on the Wiley
Online Library at DOI: 10.1002/etc.3275.
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